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To determine sex and maturity stages accurately without any physical injury and stress, especially for sensitive and high-value fsh
species, employing a noninvasive ultrasound imaging technique could be a desirable approach.Te ultrasound imaging method as
a powerful eco-friendly tool was established to determine sex, gonad volume, gonadosomatic index (GSI), and reproductive stages
in the Indian shad, hilsa (Tenualosa ilisha). About 30 hilsa (15 males and 15 females) of diferent maturity stages were collected
from the river Ganga round the year using gill nets. Te ultrasound sonography (USG) was then employed in hilsa to determine
the computed GSI. Te fresh gonad volume of hilsa was determined using a water displacement method to ascertain actual GSI
values. Tere was no signifcant diference between the calculated, real, and actual GSIs (P> 0.05) in both males and females. Te
validation of the precise maturity stages of ultrasound images of the gonad by the histological architecture indicated that USG
images of the hilsa gonad depicted exact stages of maturity in both sexes except for stages I and II in males. Te sex of the fsh was
accurately ascertained using ovarian ultrasound scanning for all the specimens. Te calculated USG-based ovarian volume was
positively correlated (R2 � 0.97) with the actual and real ovarian volumes.Te noninvasive and reliable ultrasonography technique
was found to be an accurate and valid tool to track gender and gonadal development and predict the spawning periodicity in hilsa.

1. Introduction

Te yearly gonadal cycle and spawning pattern of fsh need
precise estimation to understand the reproductive biology
[1–5]. To understand the reproductive indices (such as sex
ratio, reproductive structure, and spawning periodicity) of
a population, fsh biologists must ascertain the sex and
maturity status of fsh. Reproductive indices are valuable for
managing and conserving fsheries. Assessing them can be

challenging, as it involves sacrifcing fsh and labour-
intensive and time-consuming work (gonadal histology,
for example). Consequently, fsh biologists searched non-
lethal methods to evaluate reproductive indices to avoid
sacrifcing valuable brood fsh. Terefore, to exclude po-
tential detrimental efects on gonads or muscles and con-
sequent mortality, a reliable approach for determining
maturity is essential in the efcient broodstock of valuable
species. Gender identifcation and maturity assessment in
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many fsh species have been attempted by employing
noninvasive ultrasound technology [6–10]. Te Indian shad
or hilsa shad (Tenualosa ilisha, Hamilton 1822) fshery in
South Asia is a lucrative open-access fshery, with Bangla-
desh’s share being 50–60% of the world’s hilsa catch [11, 12].
Te species is one of the most valuable ones [13, 14] in the
Indian subcontinent [15]. Hilsa is an anadromous Clupeid
(Figure 1) [12, 16] that breeds during the post-monsoon
season in river courses surrounding the Northern Bay of
Bengal [15, 17, 18]. Bangladesh and India are two countries
that economically use hilsa stocks, but Bangladesh has
a higher total production than India [16]. West Bengal,
located close to Bangladesh’s international border [17]
(Figure 2), produces the majority of India’s hilsa catch
(70–80%), even though it often cannot meet its demand and
imports a large quantity of hilsa and related products from
Bangladesh [19]. Hilsa fshery provides livelihoods to 2% of
the Bangladesh population [15].

In Bangladesh and West Bengal, the hilsa stock has been
overexploited for a long time [12, 20]. Overfshing occurs
mostly during the spawning, grazing, feeding, and devel-
opment seasons [21]. India has launched a National Plan of
Action for hilsa to restore the health of its hilsa stock and
fsheries, and Bangladesh has implemented measures, such
as limitations on fshing gear, exclusive closure of certain
areas for hilsa fshing, fshing season restrictions, and vessel
rules [22]. Bangladesh has also implemented a sustainable
management approach for its hilsa stock through a “pay-
ment for ecosystem services (PES) scheme” [23].

Captive breeding programmes are widely applied for
conserving, reintroducing, and supplementing populations
of declining migratory fsheries. Recently, India has made
a phenomenal progress in captive rearing of hilsa [24].
Despite this, the captive breeding of hilsa could not be
attempted due to lack of understanding on the reproductive
biology of pond-reared hilsa. Te absence of reliable and
ethical techniques for identifying the gender and maturity
level of brood fsh poses a challenge for intervening in
hormonal manipulation of captive maturation in hilsa.
Many methods and techniques currently employed for
determining sex and maturity are both time-consuming and
labour-intensive, causing a threat to the health and re-
productive success of fsh. Tese methods often involve
collection of blood and oocytes, which can cause stress to
mature brood fsh, introduce pathogens, and prevent the
progress of maturation and ovulation. Te stress induced by
catheterization and blood sampling can even lead to direct
mortalities. Furthermore, these approaches are not always
defnitive in determining the sex or reproductive status of
fsh throughout the year, especially outside the spawning
season. Ultrasound sonography (USG), a noninvasive
technique, is often used to capture images of gonads in fsh.
Its main applications include determining the gender and
monitoring their maturation status. Tis method ofers
several advantages, such as availability of portable equip-
ment and short examination duration with minimal stress.

Several studies have employed ultrasonography to ex-
amine gender and maturity in varieties of fsh species.
Reimers et al. [25, 26] assessed sex and maturity in salmon

based on USG images. Bonar et al. [27] captured ultrasound
images to determine the sex and maturity of Pacifc herring
without causing any harm. Martin-Robichaud and Rom-
mens [28] used USG to evaluate the sex and ovarian mat-
uration of halibut and founder. Jennings et al. [29]
measured ovary volume and estimated fecundity in striped
bass, Morone saxatilis. Bryan et al. [7] estimated gonad
volume, fecundity, and reproductive stage in shovelnose
sturgeon using sonography. McEvoy et al. [30] identifed the
gender of cod, Gadus morhua based on ultrasonographic
appearance. Whittamore et al. [31] validated USG as an
accurate method for assessing internal reproductive struc-
tures in oviparous elasmobranchs. Masoudifard et al. [32]
demonstrated that ultrasound imaging is a quick, valid, and
noninvasive method for determining the sex of a 3-year-old
cultured Beluga sturgeon, Huso huso Petochi et al. [33]
examined the sex and stage of gonad maturity in 6-year-old
sturgeon hybrids using ultrasonography. Guitreau et al. [34]
worked on developing rapid, straightforward, andminimally
stressful procedures for ultrasound imaging of ovaries in
channel catfsh, Ictalurus punctatus. Hliwa et al. [35]
assessed the morphology of gonadal structure in sex-
reversed rainbow trout females using ultrasound. Bureau
du Colombier et al. [36] demonstrated the noninvasive
ultrasonography for sex determination and maturation
monitoring in silver eels.

Studies on ultrasonography in fsh vary in approaches
including handling methods, type of equipment, instrument
settings, and image analysis. Such variations in the opera-
tional procedures are infuenced by the specifc objectives of
study and the species being investigated. Te accuracy of
USG-based sex identifcation relies on size, sex, and mat-
uration status of fsh. Previous studies demonstrated that
gonad volume, gonadosomatic index (GSI), and re-
productive stage of fsh can be assessed using ultrasono-
graphic techniques. However, there is no existing
documentation on the use of ultrasonography for de-
termining sex and assessing gonadal maturity in hilsa. We
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Figure 1: Life cycle of hilsa with migration pattern and diferent
phases from marine to freshwater ecosystems.
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developed and cross-validated USG procedures using the
wild hilsa since captive broodstock of hilsa was scarce. Te
study aimed to determine the maturity markers (GSI and
ovarian volume) to establish a rapid and noninvasive USG
method for determining sex and reproductive status in the
wild T. ilisha for the frst time. Tis technique could be
applied to evaluate the reproductive indices of captive and
wild hilsa populations in a nonlethal way for developing
efective policies to conserve the precious species in situ and
ex situ. Moreover, this technique could be applied to de-
termine better intervention for gonadal maturation and
spawning in captive-reared hilsa.

2. Materials and Methods

2.1. Sampling Sites and Sample Collection. During 2022-
2023, live fsh samples were collected along the Hooghly-
Bhagirathi River of the Ganga River System. A total of 30
hilsa (15 males and 15 females) were collected from the
Hooghly-Bhagirathi stretch of the Ganga River System at
specifc sampling locations at Diamond Harbour (Lat.
22°39′18.5364″N and Long. 88°20′25.9908″E), Bally (Lat.
22°25′48.00″N and Long. 87°52′12.00″E), Godakhali (Lat.
22°10′10″N and Long. 88°46′45″E), and Kolaghat (Lat.
22°11′34.91″N and Long. 88°11′4.78″E) (Figure 2) during
September 2022 through September 2023. Live fsh were
caught using drift gill nets (mesh size >65mm) operated on
the motorized fshing boats. Te mean total length and
body weight of female hilsa were 309.2± 53.68mm and

361.33 ± 153.20 g, respectively. On the other hand, the male
hilsa fsh had a mean total length and body weight of
260.59 ± 30.98mm and 252.33 ± 65.32 g, respectively. After
collection, the fsh were kept in 30-L circular tanks flled
with river water maintaining a temperature between 26 and
28°C under natural light and constant aeration during
a short acclimation before anesthetization. Females were
generally larger than males and exhibited broader body
girth than males. Te males had pronounced roughness on
the dorsal surface, while the females’ pectoral fns were
smooth during the onset of maturation stages. Te uro-
genital opening of a mature female had a fat appearance,
whereas in a mature male, it appeared narrower. During the
breeding season, males had elongated abdomens and would
release milt when gentle pressure was applied to the
ventrolateral sides of the abdomen near the vent. In
contrast, females had bulgy abdomens, and ova would
spontaneously ooze out when gentle pressure was applied.
Te identifcation of sex and determination of gonad
morphometrics in 15 males and 15 females were conducted
by ultrasound scanning of the body cavity using an ul-
trasonic device (Aeroscan CD10 Pro/Plus, Konica Minolta
Healthcare India Pvt. Ltd., Mumbai). Te accuracy of ul-
trasonic assessment of sex and gonad morphometrics was
further confrmed through histology and direct measure-
ment of the gonads of all fsh scanned by USG (n � 15
females and 15 males). Furthermore, the absolute fecundity
of all 15 females was determined using the gravimetric
method.
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Figure 2: Maps illustrating the locations of sampling sites along the Ganga River system inWest Bengal, India’s Hooghly-Bhagirathi stretch.
Live hilsa were collected from the sites indicated on the map.
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2.2. Anesthesia Procedure. Before scanning, the fsh were
shifted to tanks flled with river water containing
100–120mg/L (data unpublished) of MS222 (Sigma, USA).
Subsequently, they were collected using a hand net, weighed
and recorded for their body length before performing ul-
trasonography. Te fsh were handled carefully, wrapped in
wet towels, and placed on a tray. After a sonographic ex-
amination of the gonads, all the fsh were ventrally dissected,
and both the left and right lobes of gonad were individually
collected and measured for length and weight. Gonad vol-
ume was measured following the standard gravimetric
method. Ten, subsamples from each gonad were kept for
histological examination and fecundity determination.

2.3. SonographicExaminations. Te anesthetized T. ilishawas
placed on a wet towel before sonographic examination [37].
Fish were held in a dorsal recumbent position, or ventral side
up. Using an ultrasonic probe perpendicular to the body cavity,
fsh were scanned from head to caudal region along the entire
abdomen surface at a transverse plane. To maximize trans-
mission, acoustic gel was applied to the probe surface. We used
the ultrasound equipment (Aeroscan CD10 Pro/Plus) ftted
with a high-density linear array probe with a frequency range of
7–17MHz to scan each live fsh’s body cavity in the transverse
plane, following the fundamental ultrasonography techniques
[38].Te scan was carried out with a gain of 60–80% at a depth
of 20–35mm (Figure 3). Te endpoints of the gonad were
identifed using ultrasonography, and the length was measured
using a ruler from outside. Using ultrasonography, a transverse
cross section of the gonad was digitally recorded at three evenly
spaced locations along its length. Following ultrasonography,
the fsh was transferred quickly onto the dissection tray for
gonad collection.

2.4. Gonadosomatic Index (GSI) and Fecundity
Determination. After dissecting, the gonads were taken out
of the body cavity, and the length and weight of the intact left
and right lobes of ovary and testes were measured using
a precision balance and vernier scale [39]. After measuring
the gonad volume, gonad subsamples were stored in 10%
neutral bufered formalin (NBF) for 24 h. GSI was calculated
using the following formula: gonad weight/(body
weight− gonad weight)× 100 [39]. Tree aliquots from the
anterior, middle, and posterior portions of both ovaries were
removed and placed into Gilson’s solution for 24–48 h to
soften the connective tissues and harden the oocytes. Ten,
the aliquots of ovaries were removed from Gilson’s solution,
rinsed in water, and sieved through gauge cloths to remove
disrupted tissues. Clumped eggs were dispersed by physical
manipulation. Te eggs were transferred to a small pre-
weighed plastic sieve, excess water was removed by repeated
blotting from outside, and total egg mass was weighed
nearest to 0.01 g. Exact counts of each subsample were made
under a dissecting microscope (Olympus, Japan). Absolute
fecundity was measured by the gravimetric method [40]
using the following formula: (no. of oocyte present in the
ovarian subsample/weight of the ovarian subsample)× total
weight of the ovary.

2.5. Estimation of Gonad Volume

2.5.1. Noninvasive USG-Based Shape Method. Te gonad
endpoint’s images were accurately focused, and the length
of each lobe was measured using a ruler. Transverse cross
sections of the gonad were captured digitally at three
diferent parts (anterior, middle, and posterior) to measure
the diameters (R1, R2, and R3) digitally, and the volume of
the gonad was estimated for each fsh using the mea-
surements obtained from the ultrasound images. A rep-
resentative geometrical shape was constructed based on
a visual examination of hilsa gonads [7]. Te total gonad
volume was estimated by summing the volumes of all
geometric shapes formed by three cross-sectional di-
ameters and external length measurement. Te geometrical
shape was based on a truncated cone and hemisphere. Te
overall shape was divided into four geometrical parts, and
each part volume was calculated separately using the
volume formula of individual shapes (Figure 4). Total USG
estimated gonad volume �V1 +V2 +V3 +V4, Where,
V1 � 2/3π (R1)3, V2�1/3π L1 (R12 + R1 ∗ R2 +R22),
V3 �1/3π L2 (R32 + R3 ∗ R2 +R22), and V4 � 2/3π (R3)3.

2.5.2. Invasive/True Method of Determining Gonad Volume.
Te volume of each dissected gonadal lobe of fsh (n� 15
females and 15 males) was calculated using the water dis-
placement method, which involved submerging the gonad
lobe in a known volume of water and measuring the increase
in volume. Total gonad volume was determined by adding
the volume of left and right lobes.

2.5.3. Validation of GSI Measurements Using Shape and True
Methods. To assess the efectiveness of ultrasonic imaging-
based GSI determination, it was necessary to compare the
GSI values obtained through the shape method with those
determined by weighing the freshly dissected gonads. Te
volume of the gonad was estimated by establishing a linear
correlation between the gonad volume measured through
the shape and true methods. It is worth mentioning that the
male and female hilsa used for ultrasonography had identical
measurements to those intentionally sacrifced for this
purpose.

2.6. Histological Examinations. Subsamples were removed
from the anterior, middle, or posterior regions of the gonads
and initially fxed in 10% NBF for 24 h. NBF was replaced by
70% ethanol for long-term storage. Fixed tissue samples
were dehydrated in increasing series of diferent grades of
ethanol [70, 80, 90, 95, and 100%] and then cleaned in
xylene. Ten, the tissue samples were infltrated and em-
bedded in parafn with the help of a parafn embedding
station (Leica EG 1150H, Leica Microsystems, USA). Several
4 μm parafn slices were cut with the help of a microtome
(Leica RM2125RTS, Leica Microsystems, USA). Te tissue
sections were mounted on slides. Microscopic slides were
kept in xylene for dewaxing and rehydrated through a series
of graded ethanol (100, 95, 80, 70, and 50%). Te sections
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were then stained with hematoxylin (Harris, Himedia, India)
and Eosin Yellow Stain solution (2%W/V, Nice, India).
Again, dehydration was performed (50, 70, 80, 90, and 100%
ethanol) following standard procedure and mounted with
DPX [40]. Using an upright microscope (Leica DM 3000
LED, Leica Microsystems, USA), the slides were examined,
and histomorphographs of various stages were captured on
the Leica DFC 450C camera. Ovaries were categorized based
on the developmental stages of leading cohort oocytes fol-
lowing the methods described previously [39–41] with
a slight modifcation. Leica Suite software was used to
quantify the leading group of oocytes that were categorized
based on the nucleus position, morphology, and distri-
bution of yolk granules and oil globules [39]. Using the
upright microscope (Leica DM 3000 LED), the maximum
diameter of 50 mature oocytes was measured for each
female (n � 15) from the preserved gonad samples. Tree
gonad samples were used to measure 50 oocytes of each
stage with an accuracy of ±2%. Ray’s histological criteria in
T. ilishawere adhered to for staging males (n � 15) [39].Te
presence or absence of spermatozoa within seminiferous
tubules defned testicular stages based on the relative
abundance of cysts containing the four types of sper-
matogenic cells, namely, spermatogonia, spermatocytes,
spermatids, and spermatozoa.

2.7. Data Analysis. Te GSIs from the USG images of ovary
and testes were estimated using the “Shape method” and
considered as calculated GSI. Data were expressed as
mean± standard error. Data were analyzed by one-way
analysis of variance (ANOVA) followed by Duncan’s
multiple range test to determine the signifcant diferences
between the means using IBM-SPSS statistics version 20. All
other correlations among length, weight, volume of gonads,
and GSI were determined using simple linear regression.Te
degree of the relationship was measured based on the value
obtained from the coefcient of determination (R2). Te
b value was tested at a 95% confdence interval. Te Pearson
correlation coefcient (r) was used to assess the degree of
correlation among the real gonad length, ultrasound-
determined gonad length, real gonad volume, weight,
USG-based gonad volume, and GSI.

3. Results

3.1. Sonographic Examination of Ovary and Testes. On an
average, ultrasonographic scanning time per fsh was about 1 to
2min for identifying sex, but in the case of fsh with immature
gonads, it was hard to distinguish. Te total time required to
measure the gonad area precisely was 4 to 5min. For the
females belonging to diferent maturity stages, the early

Figure 3: Ultrasonography of live riverine hilsa.
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Figure 4: Use of a generic shape based on the external length measurements and ultrasound cross-sectional sections to estimate the hilsa
gonad volume. Equations used to estimate the volume of each particular shape: for section 1 and 4, V1� 2/3π (R1)3 and V4� 2/3π (R3)3; for
section 2 and 3, V2�1/3π L1 (R12 +R1 ∗ R2+R22) and V3�1/3π L2 (R32 +R3 ∗ R2 +R22), where R is the radius and L is the length.

Journal of Applied Ichthyology 5



vitellogenic stage through the post-spawning stage, ultraso-
nographic measurement was done successfully for gonadal
morphometrics. Ultrasound imaging of testes was done pre-
cisely in maturing males; imaging immature males’ testes was
often difcult due to their small size and similar appearance to
adjacent organs, such as the kidney and liver (Figures 5 and 6).
Although the USG-based sex identifcation of females carrying
any size of the ovary was possible, the sex of the immature
males could not be identifed. Te female hilsa gonads
appeared light greyish on ultrasonography images during the
early vitellogenic stage of maturity. At the post-spawning
stage, the gonad appeared dark greyish in colour, and fac-
cidness of the ovary was also observed (Figure 5). Te testes
appeared dark in early spermatogenesis and late spermato-
genesis, whereas they looked light grey in the early spermiating
stage. During late spermiating and spent stages, it appeared
dark greyish and visible clearly (Figure 6).

3.2. Calculation of the Gonad Volume through USG Imaging.
A geometrical shape of the gonad was developed, and with
the help of the shapemethod, the volume of diferent parts of
the gonad was measured. In stage III or early vitellogenic
stage in females, the mean USG gonad volumes for V1 and
V4 were 0.385 and 0.204 cm3, respectively, as these marginal
portions had less density than the middle portion of the
ovary as V2 and V3 indicating the volume as 11.202 and
9.024 cm3, respectively (Table 1). For stage III, the total mean
USG gonad volume was 20.816 cm3, but as the stage ad-
vanced, the total mean USG gonad volume also increased. At
late vitellogenic (stage IV) and fnal maturation (stage V)
stages, mean total USG gonad volumes were 27.696 and
52.971 cm3, respectively. But at the spawning (stage VI), the
mean total USG gonad volume was 13.587 cm3 which
gradually decreased (Table 1). Similarly, for males, the mean
total USG gonad volume difered at various maturity stages.
In stages III (mature/early sperimating) and IV (spawning/
late spermiating), total mean volume values were 2.281 and
4.019 cm3, respectively, but in stage V (spent), the mean
volume was 0.534 cm3, which was the lowest among all
(Table 2).

3.3. Gonad Length Determination. Te real lengths of right
and left ovary were highly correlated (r� 0.99) with that of
the USG-determined lengths. Te coefcient of de-
termination (R2) also described that >99.5% of the variation
in USG-determined gonad’s length accounted for the change
of the real length of gonad in the linear relationships
(Figures 7(a) and 7(b)). A similar high correlation (r� 0.99)
and coefcient of determination (R2 > 0.99) was observed
between real and USG-based lengths of testes (Figures 7(c)
and 7(d)).

3.4. Gonad Volume Determination. Gonad volume varied
signifcantly (P< 0.05) with the progress of maturity in
females and males (Figure 8). However, there was no sig-
nifcant diference (P> 0.05) between real and USG-based
gonad volume at a particular maturity stage in both sexes

(Figure 8). Te correlation coefcient (r≥ 0.98) indicated
a high correlation between real and USG-based gonad
volume in females and males. Te regression equation,
y� ax+ b, where y�USG gonad volume and x� real gonad
volume, gave the values of intercept (b) and regression
coefcient (a). Te regression equations were calculated as
y� 0.9584x− 8.7152, R2 � 0.9973 for females (Figure 9(a))
and y� 0.8519x− 0.5017, R2 � 0.9656 for males (Figure 9(b)).
High correlation and coefcient of determination (R2) be-
tween real and USG-based gonad volume indicated that the
regression equations can determine the accurate volume
based on the USG-based gonad volume in both sexes.

3.5. Gonad Volume and Gonad Weight Calculation. In fe-
males, real gonad weight was highly correlated with the real
and USG gonad volume with a respective Pearson corre-
lation coefcient value of 0.95 and 0.96. A high coefcient of
determination (R2 > 91%) indicated that changes in ovary
weight accounted for alteration in real as well as USG-based
volume individually in the linear relationship of ovarian
weight and volume measured diferently (Figures 10(a) and
10(b)). Similarly, there were high correlation values
(r≥ 0.98) and coefcient of determination (R2 ≥ 0.97) be-
tween the real testis weight and real/USG-based testis vol-
ume demonstrating a possibility of calculating accurate
testes weight from the USG-based testes volume
(Figures 10(c) and 10(d)).

3.6.GSICalculation. TeGSI calculated based on real gonad
weight (real GSI) and USG-based gonad volume (calculated
GSI) showed signifcant variation at diferent maturity stages
in females and males (Tables 3 and 4). However, there were
no signifcant diferences between the real and calculated
GSI values in females and males at a particular maturity
stage (Tables 3 and 4). GSI values showed a strong corre-
lation (r� 0.77) and a high coefcient of determination
(R2 ≥ 0.75) with the real and USG-based volume of the ovary
(Figures 11(a) and 11(b)). In males, there was a weak cor-
relation (r�≤0.48) between GSI and testes volume based on
real weight or USG-based volume, whereas a moderate
correlation (r� 0.51 was noted between GSI and the real
volume of testes (Table 5). Moreover, the coefcient of
determination between 17% and 21% (Figures 11(c) and
11(d)) indicated that the volume of testes did not account for
the changes in real and USG-based volumes.

3.7. Fecundity. From the sample analysis of 15 female fsh, it
was observed that the absolute fecundity of fsh varied from
210548 to 1100542 eggs. Te mean fecundity of 15 females
was recorded as 543409± 260816 eggs with a mean total
length of 331.36± 56.79mm and mean body weight of
445.82± 190.27 g.

3.8. Histology. Microscopic observations of gonad histology
demonstrated the change in cellular organization in the
ovary during the progress of gonad maturation in females
and males. In stage III, early vitellogenic oocytes (EV) were
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Figure 5: Ultrasonographic images of the female hilsa gonads at diferent stages. (a) Stage III (early vitellogenic), (b) stage IV (late
vitellogenic), (c) stage V (fnal maturation), and (d) stage VI (spawning). Histology images of the female hilsa gonad at diferent maturity
stages. (a) Stage III, (b) stage IV, (c) stage V, and (d) stage VI. EV: early vitellogenic, YG: yolk granules, CNO: chromatin nucleus, and DF:
disintegrated follicles.
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observed (Figure 5(a)), while stage IV was characterized by
the presence of vitellogenic oocytes (Figure 5(b)). Mature
and ripe stages were characterized by a uniform distribution

of yolk granule (YG) and oil globule (OG) in the cytoplasm,
and the formation of yolk (Figures 5(c) and 5(d)). Similarly,
changes in the testes were observed microscopically. In stage
III (early spermiating), the spermatozoa number increased

Testes

SZ

SC

ST

Stage III

(a)

Testes

Stage IV

ST

SZ

(b)

Testes SZ

SC

Stage V

(c)

Figure 6: Ultrasonographic images of the male hilsa gonad at diferent stages. (a) Stage III (mature), (b) stage IV (spawning), and (c) stage V
(spent). Histology images of the male hilsa gonad at diferent maturity stages. (a) Stage III, (b) stage IV, and (c) stage V. ST: spermatid, SZ:
spermatozoa, and SC: spermatocyte.

Table 1: Volume (cm3) calculation based on the shape method in
female hilsa.

Sl. no. Stage V1 V2 V3 V4 Total
1 III 0.385 11.202 9.024 0.204 20.816
2 IV 0.673 13.758 12.813 0.4524 27.696
3 V 1.596 25.725 24.960 0.690 52.971
4 VI 0.214 7.021 6.321 0.031 13.587

Table 2: Volume (cm3) calculation based on the shape method in
male hilsa.

Sl. no. Stage V1 V2 V3 V4 Total
1 III 0.033 1.506 0.717 0.025 2.281
2 IV 0.082 2.525 1.375 0.037 4.019
3 V 0.005 0.325 0.201 0.003 0.534
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abruptly, and other spermatogenic cells were present ad-
jacent to the tubular wall (Figure 6(a)). In stage IV, free
spermatozoa occupied almost the entire tubules, while
a narrow cluster of spermatocytes and spermatids was ad-
jacent to the tubular wall. Te tubules were elongated at this
stage (Figure 6(b)). In stage V, the tubular wall was dis-
rupted, and a few residual sperms, spermatocytes, and
spermatogonia were present (Figure 6(c)).

4. Discussion

Previous studies reveal ultrasonography as the best non-
invasive technique for determining sex and maturity in
several fsh species. Te present study demonstrating
a portable ultrasound machine which can be adapted for use
on a boat, is a useful and reliable tool for identifying gender
and gonad maturity assessment, especially for hilsa, which is
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Figure 7: Linear relationship between USG-determined gonad length and real gonad length. (a) Female right ovary, (b) female left ovary,
(c) male right testes, and (d) male left testes.
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Figure 8: Ovary (a) and testes (b) volumes based on real volume and calculated on USG-based images of gonads. Diferent letters on bars
denote signifcant diferences between maturity stages at P< 0.05 level.
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highly expensive, stress-sensitive, and witnessing a decline in
its fshery due to anthropogenic and climatic factors [42].
Before the ultrasonographic examination of T. ilisha, females
were anesthetized to reduce handling stress. Ten, body

length and weight were measured, which ranged from 245 to
420mm and 200 to 690 g, respectively.Temale fsh used for
scanning ranged from 150 to 320mm in length with body
weight ranging from 250 to 320 g. In immature hilsa males
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Figure 9: Linear relationship between USG-determined gonad volume and real gonad volume of hilsa. (a) Female and (b) male.
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Figure 10: Comparative linear relationship between real gonad weight and real gonad volume with real gonad weight and USG-determined
gonad volume of hilsa. (a) Real ovary weight vs. real ovary volume in females, (b) real ovary weight vs. USG-determined ovary volume in
females, (c) real testes weight vs. real testes volume in males, and (d) real testes weight vs. USG-determined testes volume in males.

Table 3: Correlation between real GSI and calculated GSI in female hilsa.

Sl. no. Stage Real GSI Calculated GSI Correlation coefcient
1 III 10.44± 0.10 10.32± 0.02 0.965
2 IV 12.37± 0.89 11.79± 0.63 0.987
3 V 16.51± 1.15 15.57± 2.35 0.903
4 VI 4.66± 1.59 3.98± 1.11 0.949
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shorter than 250mm in length and below 230 g body weight,
gonads were not properly visible at scanning. Conversely, in
the fsh longer than 250mm, gonads appeared visible in grey
colour, organ ends were easy to detect, and contours were
generally obvious on cross-sectional images.

Trough ultrasonography, it was difcult to distinguish
between immature (stage I and II) male and female hilsa
below 250mm in length. Since only riverine fsh were used in

this study, males and females of stages III and IV, which were
present in rivers shortly before the spawning season, and V
and VI, which were found almost throughout the spawning
season, were sampled. Te fsh of stages, I and II were not
available in sufcient quantity at the sampling locations
during the study. Terefore, the fsh of stages III, IV, V, and
VI were the only subjects of this investigation. Te female
hilsa gonads appeared light greyish on ultrasonography

Table 4: Correlation between real GSI and calculated GSI in male hilsa.

Sl. no. Stage Real GSI Calculated GSI Correlation coefcient
1 III 1.27± 0.15 1.20± 0.18 0.864
2 IV 1.88± 0.27 1.75± 0.40 0.901
3 V 0.57± 0.16 0.49± 0.09 0.857
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Figure 11: Comparative nonlinear relationship between real gonad volume and GSI with USG-determined gonad volume and GSI. (a) Real
ovary volume vs. GSI in females, (b) USG-determined ovary volume vs. GSI in females, (c) real testes volume vs. GSI in males, and (d) USG-
determined testes volume vs. GSI in males.

Table 5: Correlation among GSI values determined based on actual gonad weight, real gonad volume, and USG-based gonad volume in
hilsa males.

GW GSIW RGV GSIRV USV GSIUSV
GW 1
GSIW 0.44386 1
RGV 0.  574 0.45446 1
GSIRV 0.48836 0.  238 0.50752 1
USV 0. 866 0.43818 0. 8266 0.47831 1
GSIUSV 0.44386 1 0.45446 0.  238 0.43818 1
Pearson correlation values (in bold), r> 0.99 indicated a positive strong correlation, whereas r values >0.50 denoted amoderate correlation. GW, actual gonad
weight; GSIW, GSI based on GW; RGV, real gonad volume; GSIRV, GSI based on the RGV; USV, USG-based gonad volume; GSIUSV, GSI based on USV.
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during the early stages of maturity, while the male hilsa
gonads seemed dark. In the early stages of the development
in salmon, the gonads of females appeared light and
granulated on ultrasonography, while the gonads of males
looked dark and translucent [43]. While male gonads also
became larger and had a lighter tone, female gonads mostly
altered in size as they matured. Mature female gonadal
ultrasound images displayed bright and granular structures
with oocytes appearing as pale grey specks at the top of the
screen. A distinct shadow was visible across from the
transducer. Male mature gonads were shown to have coiled
and twisted lobes and dark grey patches, or were “hypo-
echoic.” Due to their small size, the gonads of juvenile males
were hard to detect. In salmon, gonads are identifed by
exclusion, and a similar method was employed for sturgeons
[44]. With the progress of maturity advancement, the female
gonads became increasingly apparent under ultrasonogra-
phy. Mature male gonads resembled a structure that was
light grey. In an earlier study, the gender and maturity of
juvenile and adult halibut (Hippoglossus hippoglossus),
mature winter founder (Pleuronectes americanus), yellow-
tail founder (Pleuronectes ferruginea), and mature haddock
(Melanogrammus aeglefnus) were identifed employing
ultrasonography imaging [28]. Mature and immature ova-
ries could be readily distinguished in females, whereas only
mature testes were reliably distinguished in males. Ultra-
sound can also be used to evaluate the ovulatory cycles of
halibut and the ovarian maturation of haddock. Te po-
tential of ultrasonography to ascertain T. ilisha sex, gonad
size, and maturity has been successfully demonstrated in the
current study.

In this study, the shape method was used to determine
the volume of diferent parts of the gonad of both male and
female hilsa. It was observed that the gonad volume in-
creased with the GSI increase, simultaneously with the
advances in maturity stages and subsequent increase in
gonad weight. Here, two shapes were used; one was
a truncated cone and another was a hemisphere. In the pallid
sturgeon [7], they used a hemisphere, truncated cone, and
cylinder, while according to Lagler et al. [45], a generic shape
using a cone and the truncated cone was designed based on
the gonad structure. Both in pallid sturgeon and eel, this
shape method was efective as a noninvasive and nonlethal
tool for gonad volume measurement. However, as the mass
of eel gonad increased, this shape method became more
underestimated, but Lagler et al. [45] found fve cross sec-
tions as the best method to predict gonad volume. In this
study, gonad length and diameter were measured using
ultrasonography and used in the shape technique, whereas in
cases of eel and sturgeon, area and length were used to
calculate the radius. Using ultrasonography, two methods
were attempted for estimating the mass of ovaries in silver
eels: one based on a linear model and another on calculating
the ovary volume from a representation of gonad mor-
phology [36]. Ultrasonography achieved 100% success in
determining the sex of male and female hilsa. Te present
study revealed, for the frst time, that the ultrasound could
accurately measure gonad volume using the shape method,
except for immature stages I and II for male and female hilsa.

We also established that ultrasonography could measure
the gonad length externally with high accuracy (Figure 7)
avoiding the potential efects of injuring gonads and muscles
without causing handling stress to the fsh. We found that the
average ultrasonic gonad volumes were not signifcantly less
than the real volumes, which does not corroborate with the
earlier report in shovelnose sturgeon. Te USG gonad volume
was less (>4.92 cm3) than the real gonad volume in shovelnose
sturgeon [7]. Gonad volume signifcantly changes in hilsa
within the gender, maturity stages, and month. As fsh become
mature, the volume of gonad increases along with its weight. In
this study, we found no diference between USG estimated and
real gonad volumes.Te actual ovarian mass and the estimated
ovarian mass from ultrasonography had a signifcant corre-
lation (R2 � 0.97) in silver eels [36]. In our study, real and
calculated gonad volumes were not diferent, highly correlated,
and showed a high coefcient of determination (R2). Tus, we
could calculate the real gonad volume from the USG gonad
volume using the regression equation. Real gonad volume was
correlated with real gonad weight and USG measured gonad
volume and vice-versa in this study (Figure 7).

GSI is the percentage of gonad weight and body weight
ratio. It was observed that body weight did not have any re-
lation with gonad weight in the case of hilsa. Sometimes, this
fsh becomes mature early without attaining the required body
weight, so there was a variation in volume and GSI [39].
Terefore, GSI could not be calculated accurately using gonad
volume, particularly in males due to the low volume of the
testes associated with wide variation in body weight. Never-
theless, from USG volume, we could easily calculate the real
weight of gonad, to determine the accurate GSI, and from the
calculated GSI, the maturity stages can be assessed using the
GSI scale of maturity stages [39]. After identifying the mi-
croscopicmaturity stage, the calculatedGSI wasmatched to the
corresponding maturity stage to validate the USG-based cal-
culation of gonad volume to determine accurate stages. Te
study showed no diference among the stage-specifc actual,
real, and calculated GSI in males and females.

Fish have a wide range of fecundity [46], and the quantity
of eggs produced by a female depends on various charac-
teristics, including size, age, condition, and species [45].
Based on several breeding experiments, it was concluded
that a species’ ability to reproduce depends on a variety of
factors, including food and space availability [46]. It was
observed that smaller fsh (total length: 253mm and body
weight: 200 g) carried 210,548 eggs, while the larger speci-
men (total length: 430mm and body weight: 850 g) con-
tained 10,71262 eggs. However, fsh of similar length varied
in their fertility. A fsh with a total length of 380mm and
a body weight of 653 g had 8,48,042 eggs, while another fsh
with the same total length contained 7,20,256 eggs.Te same
species had similar fecundity variation in Bangladesh as well
[47]. Further, the same kind of variation was also docu-
mented in this species [48, 49]. Tis study revealed that the
average diameter of ova varied between 206.58 and
780.25 μm. In a previous study, similar results were reported
[39, 40] stating that the ova diameter ranged from 728 to
850 μm at the mature stage. In contrast, the average oocyte
diameter was reported to be between 475 and 564 μm during
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the maturity stage V and between 53 and 321 μm during
stage VI (spawning) [39].

Te present study categorized the maturity stages of
hilsa into six to seven stages for females, based on the
observations by diferent authors with slight modifcations
[39–41, 49–51]. Te classifcation of maturity status was as
follows: I for immature, II for early growth, III for mid-
growth, IV for fnal maturation, V for spawning capable,
and VI for active spawning in females. Te stage II gonad is
known as the “oil droplets” stage, as “cortical alveolar
vesicles” are present rarely in the oocytes, similar to many
other fshes [52]. For males, the maturity stages were
classifed as I for immature, II for developing, III for
mature, IV for spawning, and V for post-spawning based
on Garcı́a-López et al. [53], with a slight modifcation. In
T. ilisha, the nucleus occupied the major portion of
ooplasm in the chromatin nucleolus stage. Basophilic cy-
toplasm was produced by free ribosome accumulation [54].
Nucleoli of various sizes grouped around the inner lining of
nucleus as the oocytes transformed to the perinucleolar
stage as reported in the chromatin nucleolus stage in
Dicentrarchus labrax. Each nucleolus in Danio rerio broke
into multiple smaller nucleoli [55]. Te synthesis process in
the nucleus is responsible for changes in the nucleus and
nucleolus during the phases of oocyte growth. At the
commencement of the spawning season, the cortical al-
veolus serves as a marker of oocyte maturation [39]. Te
cortical alveoli and follicular layer encircling the oocytes
are the most notable characteristics of a stage. Tere have
been reports of three diferent forms of yolk in teleost
oocytes: lipid droplets, yolk vesicles (cortical alveoli), and
yolk granules [52]. Te intracellular vacuolization in oo-
cytes in many teleosts starts on the periphery and moves
into the core of the oocyte [56]. Alveoli occur simulta-
neously surrounding the oocyte in the Japanese eel [57].
Te oocyte attained its maximum size during post-
vitellogenesis. Te increase in oocyte size was attributed
to the accumulation of exogenous yolk protein precursors;
however, the accumulation of endogenous ones has also
been recorded in several species [56]. Te mature oocyte of
T. ilisha was observed to have heterogeneous yolk vacuoles.
As vitellogenesis comes to an end, the nucleus begins to
migrate toward the animal pole as a result of yolk vesicle
buildup in the cytoplasm of cells. T. ilisha has been
regarded as a group synchronous and total spawner [39], as
a dominant stage of oocytes was observed at each sampling
time along with very few of the other stages. Similar
conditions for Acanthopagrus latus in the Persian Gulf
were also described [58]. Te study demonstrated an ac-
curate assessment of the maturity stages of hilsa based on
ultrasonic images and GSIs calculated from USG gonad
volume [59]. Tus, the study confrms that the actual
maturity stages can be easily assessed based on ultrasound
images of the gonads of mature hilsa.

5. Conclusion

Using a basic ultrasound procedure, the determination of sex
and maturity stages was standardized in mature hilsa of both

sexes avoiding injuries and handling stress, preventing progress
of normal gonad development. Te real gonad volume of fsh
was measured and compared with the calculated volume based
on the USG image to develop a linear equation to estimate real
or actual volume from the USG gonad volume. Te accurate
GSI and maturity stages were assessed easily from the USG
gonad volume. Further, supporting histological slides of dif-
ferent maturity stages were combined with the respective fsh’s
ultrasonic image of the gonad to validate the calculated GSI to
predict the respective maturity stage of both male and female
hilsa. Terefore, this reliable, noninvasive technique of
assessing gender and maturity stages in hilsa will contribute to
gaining insight into the reproductive cycle of captive and wild
hilsa to develop brood management practices aiming at arti-
fcial reproduction and eventually conservation of the priced
hilsa fshery.
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